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Abstract Anthropogenic carbon dioxide (CO2) emissions
reduce pH of marine waters due to the absorption of
atmospheric CO2 and formation of carbonic acid. Estuarine
waters are more susceptible to acidification because they are
subject to multiple acid sources and are less buffered than
marine waters. Consequently, estuarine shell forming species
may experience acidification sooner than marine species
although the tolerance of estuarine calcifiers to pH changes is
poorly understood.We analyzed 23 years of Chesapeake Bay
water quality monitoring data and found that daytime
average pH significantly decreased across polyhaline waters
although pH has not significantly changed across mesohaline
waters. In some tributaries that once supported large oyster
populations, pH is increasing. Current average conditions
within some tributaries however correspond to values that
we found in laboratory studies to reduce oyster biocalcifica-

tion rates or resulted in net shell dissolution. Calcification
rates of juvenile eastern oysters, Crassostrea virginica, were
measured in laboratory studies in a three-way factorial
design with 3 pH levels, two salinities, and two temperatures.
Biocalcification declined significantly with a reduction of
∼0.5 pH units and higher temperature and salinity mitigated
the decrease in biocalcification.
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Introduction

Rapidly increasing atmospheric carbon dioxide (CO2)
concentrations has the potential to lower the pH of natural
waters due to the absorption and hydrolysis of CO2

resulting in the formation of carbonic acid (i.e., Doney et
al. 2009). Acidification results in the titration of a portion of
carbonate (CO3

2−) ions to bicarbonate (HCO3
−) thereby

lowering the availability of carbonate ions to calcifying
organisms (Kleypas et al. 2006). When enough carbonate
ions are titrated, waters become thermodynamically unsta-
ble for calcium carbonate minerals, or undersaturation with
respect to calcium carbonate occurs and dissolution
follows. It is less well-recognized that such adverse pH
effects may be more pronounced in estuarine waters and
interact with other variables affected by global climate
change such as salinity and temperature (Pörtner 2008;
O’Donnell et al. 2009; Najjar et al. 2010). Since many
ecologically and commercially important shell forming
organisms reside in or rely on estuarine habitats (Dame
1996) and estuaries are typically less buffered than oceans
due to lower absolute concentrations of carbonate as well as
proportionally less carbonate relative to the total dissolved
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inorganic carbon pool (Cai and Wang 1998), acidification
may occur sooner in coastal zones than in the open oceans.

Dissolution and hydrolysis of atmospheric CO2 into
estuarine waters is only one of many processes affecting
pH in estuaries (Blackford and Gilbert 2007; Soetaert
et al. 2007; Miller et al. 2009). Eutrophication and net
heterotrophy (Kemp et al. 2005; Borges and Gypens
2010), watershed inputs (Dove and Sammut 2007;
Salisbury et al. 2008), and dry deposition of other acid
forming compounds such as sulfur and nitrogen (Doney et
al. 2007), all can alter the pH of estuarine waters. The
complex interaction of salinity, temperature, and pH on
physiological processes makes it difficult to predict
potential effects of increased atmospheric CO2 on calcify-
ing biota in estuaries that are often considered already
degraded due to multiple anthropogenic impacts such as
overfishing, eutrophication, and hydrological alteration
(Lotze et al. 2006).

Molluscs are dominant components of the estuarine
benthos; they serve as agents of benthic-pelagic coupling,
provide food and habitat for other organisms, and are also
harvested and cultivated commercially (Dame 1996). These
diverse estuarine species may be especially vulnerable to
long-term declines in baseline pH because they occupy
highly variable habitats that often present conditions at the
limits of their physiological tolerance. Therefore, even
modest changes in pH may present conditions that are
corrosive to shells and/or have physiological impacts on
larval and adult oysters (Dove and Sammut 2007; Kurihara
et al. 2007; Gazeau et al. 2007; Miller et al. 2009; Parker et
al. 2009; Talmage and Gobler 2009).

The once abundant oyster populations in Chesapeake
Bay have been decimated by multiple factors, including
inadequate fisheries management, habitat decline, and
disease (Rothschild et al. 1994; Kennedy et al. 1996; Smith
et al. 2005). Ongoing stock enhancement projects often
capitalize on the reduced virulence of these diseases in
lower salinity (<10) waters to provide refugia (Paynter
1999). However, these lower salinity waters may now
constitute unsuitable habitat for oysters, given the typically
reduced availability of calcium carbonate for shell growth
at lower salinities, coupled with often reduced pH values.
For example, Ringwood and Keppler (2002) found that
hard clam growth was significantly hampered by reduced
pH values, and these effects were more pronounced in
lower salinity waters.

The deposition of calcium carbonate in the form of an
oyster shell is a complex and biologically controlled
process that occurs on the internal shell surface. Shell
growth initiates with the formation of a periostracum (outer
coating) in the mantle folds, followed by the deposition of
an organic matrix, and then calcium carbonate within this
organic matrix (Wilber and Saleuddin 1983; Carriker 1996;

Addadi et al. 2006). Proton pumps are used to precipitate
mineral calcium carbonate (dominantly calcite in post-
larval individuals; Fan et al. 2007) into the interior organic
matrix of the shell (Levi-Kalisman et al. 2001). However,
some recent work highlights the possibility of direct
mineral deposition by the mantle tissue, rather than super-
saturating the calcifying fluid (Addadi et al. 2006). The
high level of physiological control over this process is
evidenced by the small but significant role of the organic
components, the periostracum and matrix, as well the
deviation of carbon isotope ratios in some bivalve shells
from seawater indicating both seawater bicarbonate and
respired CO2 being incorporated into the mineral phase
(Gillikin et al. 2007; McConnaughey and Gillikin 2008).
Therefore, it is important to recognize the potential effects
that acidification of estuarine waters have on shell
formation, and ultimately growth, are due to a combination
of dissolution of the external shell surface and physiolog-
ical changes to internal acid-base balance affecting the rate
of new shell deposition.

Although reduced pH has many adverse physiological
effects on aquatic organisms (Pörtner et al. 2004; Pörtner
2008) our study focuses on linking experimental measure-
ments of oyster shell deposition in response to salinity,
temperature, and pH with long-term changes in Chesapeake
Bay conditions.

Methods

Chesapeake Bay Data Analyses

Water quality data from the Chesapeake Bay Program’s
Data Hub http://www.chesapeakebay.net/dataandtools.
aspx were analyzed with linear regression analyses. Only
water temperature, salinity, and pH, data from 1985
onward were used. Pre-1985 data were removed due to a
limited sampling coverage. Mean values for each year,
season, and salinity used in the analysis were based on
∼100-2,000 data points for whole bay evaluations, and 10-
50 data points for the oyster ground analyses. The
measurements of pH by the Chesapeake Bay program
are made with a CTD system equipped with pairs of glass
silver chloride electrodes calibrated with National Bureau
of Standards (NBS) buffers. Quality control and assurance
for these publically available data is detailed at: http://
www.chesapeakebay.net/qualityassurance.aspx; details
about equipment calibration, field procedures, and data
recording may be found at: http://archive.chesapeakebay.
net/pubs/quality_assurance/MainstemTrib_QAPP07_Draft1.
pdf.

Further quality control/quality assurance steps were
taken in conducting these analyses by visual inspection of
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plots of data for extreme outliers. Out of the 32,525
observations used in the original data set, only 53 extreme
outliers were removed, one for having a salinity of over 40,
and the other 52 for having pH above 9.5. The original data
were arranged by the following arguments: data prior to
1985 were removed, the months of April, May, and June
were assigned to the spring, and June, July, August, and
September were assigned to summer. Data were grouped
into these two seasons as they coincide with important
growth periods for adult eastern oysters (spring) and
juvenile oysters (summer). Observations with salinity
between 5 and 18 were grouped as mesohaline, above 18
were polyhaline, and all observations deeper than 1 m were
removed. Once the above filters were applied to the data
set, mean values of pH were calculated for each season,
salinity, and year. These values were then used in a simple
linear regression model of pH by year for the four salinity-
season combinations to determine the overall patterns of pH
change within Chesapeake Bay, resulting in an n=24 for
each linear regression.

Regression analyses and 5-year means for pH, water
temperature, and salinity on historically important oyster
grounds were carried out for Tangier Sound and the
Chester, Choptank, Patuxent, Rappahannock, and James
Rivers (Fig. 1). With the exception of Tangier Sound, sites
within each river were identified using the Chesapeake Bay
Program’s analytical segmentation scheme to analyze
mesohaline sites within each river. The segmentation
scheme is a spatial delineation of the Chesapeake Bay and
tidal tributaries based on areas with similar natural features
used for organizational and management purposes. Sites
within Tangier Sound were delineated by maps of oyster
distributions (Smith et al. 2001). All observations within a
tributary were averaged by season and year as noted above
for regression analyses. However, for this analysis, all
available depth data were averaged with the exception of
observations below 9 m to avoid including data from water
that may be hypoxic. Regression analyses were run for pH,
water temperature, and salinity change over year from 1985
to 2008 (n=24). Mean values for each of these tributaries
were also determined as above, except data were pooled
from 2003 to 2008. All statistical analyses were conducted
using SAS version 9.1 (SAS Institute Inc., Cary, NC, USA).

Calcification Rates

Oysters were reared at a salinity of 32. The low salinity
treatment (16) oysters were acclimated to the new salinity
by diluting the seawater with river water in the holding tank
to reduce the salinity at a rate of 2 d−1. During acclimation
and holding periods, oysters were fed a diet of cultured
Isochrysis spp. (Tiso) strain CCMP1324, raised in similar
salinities to that of the oysters, and supplemented with

Shellfish Diet 1800 (Reed Mariculture, Campbell, CA,
USA). The high salinity water was collected from the
Indian River inlet, lower Delaware Bay and the low salinity
water was collected from the Patuxent River, near Solo-
mons Island, MD, USA.

Shell calcification rates were measured on groups of
approximately 300 juvenile oysters that were 1-2 mm shell
height and totaled roughly 1-2 g live weight. During
experimental measurements, oysters were held in 55-ml
flasks containing 50 ml of water at a constant temperature,
salinity, and pH. Two levels of temperature and two levels
of salinity were used resulting in four experimental runs,
each run having three pH treatments (Table 1) with four
replicate flasks per pH treatment. In the mid and low pH
treatment flasks, pH was controlled by injecting CO2 into
an airstream bubbled into each flask whilst measuring pH
within flasks. The high pH treatment was bubbled with
only air. One control flask per treatment combination was
used with no oysters to monitor pH and titration alkalinity
(TA) over the course of the experiment. We did not try to
modify the pH in the high pH treatment across salinity-
temperature combinations, and therefore, pH in the high

Fig. 1 Map of Chesapeake Bay indicating areas of historically
important oyster grounds. Letters correspond to mesohaline areas in
which pH data were analyzed in Table 1, as follows: a Chester River,
b Choptank River, c Patuxent River, d Tangier Sound, e Rappahannock,
and f James River
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pH-high salinity treatments is higher than the high pH-low
salinity treatments. It is however important to note that the
average of all pH treatments between salinities was not
significantly different, and other than the high pH-high
salinity treatments, all pH values fell within the same range
of values between salinity treatments.

Immediately following the addition of oysters to flasks, a
water sample was taken from each control flask to determine
the initial TA (t=0). Water samples (4 ml) were taken by
syringe from all flasks every 5 h for periods up to 15 h,
resulting in four sample points per flask over time. Titration
alkalinity data were examined immediately following each
determination, and measurements were terminated if the rate
of change had appeared to slow due to container effects.
Rates of titration alkalinity change would often appear to
slow by 10 h (depending on how fast initial rates were), and
this corresponded with titration alkalinity changes on the
order of 100-200 μmol L−1. Therefore, we excluded these
later data points to ensure the slopes of titration alkalinity
change over time were in fact linear and provided estimates
of calcification based on initial conditions.

Water samples were passed through a 0.2-μm filter
cartridge and diluted with a 0.7-M NaCl solution in order to
have enough sample for a two-point titration to measure
total alkalinity (Edmond 1970). Temperature and pH were
recorded using an Orion 938007MD micro temperature
probe, Thermo-scientific 8103BN combination semimicro
pH electrode and Thermo-scientific five-star pH meter
(Thermo Fisher Scientific Inc., Waltham, MA, USA). The
NBS scale was used for calibrating the pH probe with a
three-point calibration curve, and pH standards were
checked over the course of each experimental run to verify
the calibration. Additionally, at each sample time, an
alkalinity standard was measured to ensure analytical
consistency. The change in TA over time in each flask
was used to calculate the calcification rates of the oysters
(Smith and Key 1975), assuming that any other processes

contributing to TA change in the flask were negligible. Due
to the small volume of water in the flasks, relative to the
volume of samples removed, we converted the TA concen-
trations to an absolute alkalinity within each flask and
corrected these values for the amount of TA removed at
each sample time. The volume of water removed at each
sample time was determined from weight and density. The
average pH change (±1 SD) in all experimental flasks over
the course of the experiments was −0.02±0.12.

Saturation state with respect to calcite was calculated by
the program CO2SYS in Excel 2007 using Millero (1986)
constants for K1 and K2, Dickson’s KSO4 constants, and
pH entered on the NBS scale.

Statistical Analysis of Calcification Measurements

Calcification data were analyzed with a three-way analysis
of variance including interaction effects. The three-way
interaction of temperature, salinity, and pH was not
significant (α=0.05) and dropped from the model. Since
all two-way interactions were significant, the estimated
least-squares means for each of these two-way combina-
tions are presented. Differences among treatment combina-
tions within each two-way interaction were evaluated using
t tests with a Bonferroni correction for multiple pairwise
comparisons at α=0.05. Assumptions of normality and
heteroscedasticity were verified by visual inspection of
residual distributions as well as Shapiro-Wilk’s test for
normality, and Hatley’s f-max test for heteroscedasticity.

Results

Our analysis of monitoring data from 1985 to 2008 from
the Chesapeake Bay Program revealed statistically signif-
icant declines in seasonally averaged daytime pH within
polyhaline surface waters (>18; Fig. 2). The rate of

Date Run Temp. Salinity pH Treatment pH T. Alkalinity Ω Calcite

3 Oct 08 20 32 High 8.29 2.052 4.62

Mid 7.66 2.063 1.32

Low 7.56 2.041 1.05

8 Oct 08 30 32 High 8.14 2.120 4.74

Mid 7.85 2.148 2.78

Low 7.43 2.115 1.13

10 Oct 08 30 16 High 7.92 1.248 1.45

Mid 7.66 1.246 0.83

Low 7.46 1.227 0.53

15 Oct 08 20 16 High 7.76 1.198 0.70

Mid 7.52 1.155 0.39

Low 7.41 1.160 0.31

Table 1 Experimental condi-
tions for each experimental
run

Temperature and salinity were
constant throughout the experi-
ment; pH and titration alkalinity
(T. Alkalinity) are initial condi-
tions in the experimental flasks.
Titration alkalinity is in milli-
moles L−1 , temperature is in °C,
and saturation state (Ω calcite) was
calculated with CO2SYS using
salinity dependent carbonic acid
dissociation constants of Millero
et al.
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decrease, in both spring and summer, exceeded those found
in the open Pacific Ocean (Doney et al. 2009), where pH
decrease is attributed solely to increasing atmospheric CO2.
Although no statistically significant trends were found in
the mesohaline (five to 18) region of the mainstem Bay, a

general increasing trend in pH was seen in the summer
months, with some locations reporting pH values well
above 9.0. Furthermore, we found that many mesohaline
tributaries that once supported historically productive oyster
grounds, exhibited a statistically significant increasing pH
(Table 2).

Although there were broad trends of pH change across
Chesapeake Bay (Fig. 2), we highlight here average values
and trends in mesohaline portions of tributaries that once
supported important oyster grounds (Fig. 1, Table 2). We
have divided these data into seasons with April, May, and
June being most important to new shell growth of adult
oysters, and June, July, August, and September being
important to larval development as well as settlement and
growth of juveniles (Kennedy et al. 1996). In general, these
tributaries showed increasing pH with the spring and
summer pH values being similar within oyster grounds,
with the exception of the Patuxent River (Table 2).

In laboratory studies, we found a complex change in
biocalcification rates by juvenile Crassostrea virginica in
response to variations in temperature, salinity, and pH
(Figs. 3 and 4, Table 3). The three-way interaction of
salinity, temperature, and pH was not significant, however
the two-way interactions of salinity with pH and tempera-
ture with pH were significant (Table 3). We therefore
estimated calcification rates by least squares means and
made pairwise comparisons for each two-way interaction
(Figs. 3 and 4). The absolute pH values within a treatment
level (e.g., high pH) varied among experimental runs of
different salinity-temperature combinations (Table 1). This
discrepancy was due to the fact that initial pH values for the
lower salinity waters were lower, and we did not try to
increase the pH to match the higher salinity water. The high
pH treatments, therefore, are unamended natural waters, or
may be considered a control treatment with no addition of
CO2. Despite the significant two-way factorial interactions,
our results clearly showed that under both lower salinity
(=16) and lower temperatures (20°C) calcification rates
steadily decreased as pH dropped. Conversely, at higher
temperature (30°C) and salinity (=32), calcification rates
did not significantly change as pH declined from high to
mid-pH; however, calcification rates dropped significantly
at the lowest pH. Additionally, calcification rates were not
significantly affected by salinity at higher temperatures,
although at lower temperatures there was a large salinity
effect (Fig. 4).

Discussion

If small decreases in calcification results in a weaker or
smaller shell over time, juvenile bivalves will be increas-
ingly susceptible to predation or other possible mortality

Fig. 2 Annual trends in Chesapeake Bay surface water pH in the a
Spring-Mesohaline, b Summer-Mesohaline, c Spring-Polyhaline, and
d Summer-Polyhaline. Mesohaline includes salinities of 5–18, and
polyhaline are salinities >18. Mean values are based on surface waters
of 1 m or less, averaged over season. Spring is defined as April, May,
June, and summer June, July, August, September, corresponding to
important growth periods for adults and juvenile oysters, respectively.
Error bars are the 95% confidence interval for the mean values. Data
originally obtained from Chesapeake Bay Program Water Quality
Database (1985-2008)

Estuaries and Coasts (2011) 34:221–231 225



factors (Kennedy et al. 1996; Newell et al. 2000, 2007).
Indeed, recent work shows that shell dissolution is likely an
important mortality factor for juvenile infaunal bivalves in
marine muds (Green et al. 2009). Mollusk shell growth
depends on the animal’s ability to precipitate CaCO3 into an
internal organic matrix that provides the framework for

their shell (Wilber and Saleuddin 1983; Levi-Kalisman et
al. 2001). Since CaCO3 deposition and the thermodynamics
of this calcifying fluid is regulated to a large degree by
internal physiological processes (Fan et al. 2007; Pörtner
2008), it is possible for shell growth to occur in waters that
are undersaturated with respect to calcium carbonate. Green
et al. (2009) note that juvenile infaunal hard clams,
Mercenaria mercenaria, can survive corrosive conditions
for several weeks (and well into adulthood) upon reaching
what appears to be an escape size, or a size at which
external corrosive conditions no longer affect survival. In
our experiments, the relationship between calcification rates
and calcite saturation state deviates from what may be
expected if seawater thermodynamics were strictly control-
ling calcification rates (Fig. 5). Since the shells of many
molluscs are covered to varying degrees by the periostra-
cum, an organic based outer shell layer, the CaCO3 shell
material is protected from exposure to surrounding con-
ditions. Therefore, our result showing net calcification
occurring at undersaturated conditions is not surprising
(Fig. 5); we also found that higher salinity (and thus higher
saturation state) only increases calcification at reduced pH
(Fig. 3a). Interestingly, calcification was also higher at the
low salinity-high pH treatment than high salinity-low pH
(Fig. 5), even though these treatments had similar saturation
states with respect to calcite, indicating the sensitivity of
calcification to pH. More generally, the importance of pH
versus saturation state versus pCO2 on calcification will
likely vary with species, life stage, mode of calcification,
and the degree of departure from what are currently poorly
quantified thresholds to changes in carbonate variables. It is
also important to acknowledge that our pH treatments were
not identical between low and high salinity waters (Table 1),
due to the natural differences in these waters. Therefore, we
present the interpretation of Fig. 4 as a starting point to
develop a more comprehensive understanding of the
complex response of marine calcifiers to acidification.

Tributary Season pH ΔpH Salinity ΔSalinity Wtemp ΔWtemp

Chester Spring 7.67 0.025 8.7 n/s 16.9 0.2

Summer 7.63 0.018 9.6 −0.1 25.2 0.1

Choptank Spring 7.98 n/s 10.9 n/s 17.1 −0.1
Summer 7.90 n/s 11.5 n/s 25.4 n/s

Patuxent Spring 7.92 n/s 8.9 n/s 18.2 n/s

Summer 7.76 0.010 10.2 n/s 26.0 n/s

Rappahannock Spring 7.88 n/s 10.8 n/s 17.9 n/s

Summer 7.82 0.011 13.1 n/s 25.9 n/s

James Spring 7.66 n/s 12.6 n/s 19.2 n/s

Summer 7.65 0.007 15.8 n/s 26.0 n/s

Tangier Spring 7.84 n/s 12.6 n/s 18.7 n/s

Summer 7.80 0.005 13.0 n/s 26.3 n/s

Table 2 Mean seasonal pH,
salinity, and surface water
temperature (wtemp) and signif-
icant annual trends at historical-
ly important oyster grounds in
Chesapeake Bay

Spring and summer defined in
text. Water temperature is in °C.
Mean values are averages for
2003-2008 and changes in
parameters are change in units
per year, from significant
regression slopes from 1985 to
2008

n/s non-significant regression at
α=0.05

Fig. 3 Biocalcification rates of C. virginica for treatment combina-
tions of a salinity by pH and b temperature by pH estimated by least
squares means from each two-way ANOVA. Units of calcification are
milligram of calcium carbonate per gram oyster whole live weight per
day. Treatment levels of salinity, temperature, and pH are listed in
Table 1. Error bars are standard errors of the least squares means
estimates. Non-significant differences among estimated least squares
means by pairwise comparisons with Bonferroni correction are noted
by values falling within the black vertical bars next to the left y-axis at
α=0.05
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Concurrent with anthropogenic acidification of natural
waters, climate change impacts to local weather patterns
has the potential to alter salinity and temperature dynamics
of estuarine waters. Within Chesapeake Bay, expected
changes to temperature and salinity coupled with our
experimental data highlight the important role these
environmental parameters may play in the overall bivalve
response to an anthropogenically altered carbonate system
in this estuary. Najjar et al. (2010) predict that temperature
will continue to increase in Chesapeake Bay waters over
coming decades, with the strongest warming trends in the
northern portion of the Bay. Our laboratory measurements
indicate that moderate increases in temperature (within the
range of tolerance of this species) would allow oysters to
calcify more rapidly, however temperature had less effect
on calcification in the low pH treatment (Fig. 3b). Also at
the higher temperature, differences in calcification due to

salinity were non-significant (Fig. 4), regardless of pH.
Chesapeake Bay watershed precipitation is forecast to
increase during winter and spring. This increased precipi-
tation coincides with peak freshwater input into Chesapeake
Bay, lowering salinity of the bay in these important adult
growth and reproductive development seasons (Najjar et al.
2010 and references therein). Additionally, through summer
and fall, increasingly variable trends in precipitation and
therefore salinity are also predicted (Najjar et al. 2010),
coinciding with larval and post-larval growth periods. Our
experimental data found that higher salinity helped juvenile
oysters overcome low pH effects on calcification (Fig. 3a),
although calcification rates did not increase directly due to
salinity across all pH treatments. Salinity has been
previously noted as the most important climatological
variable on recruitment strength in Chesapeake Bay oyster
populations (Ulanowicz et al. 1980; Kimmel and Newell
2007), with generally stronger recruitment at higher
salinity. Our findings suggest the increased saturation state
of higher salinity waters may provide the ability to
overcome decreases in pH during the sensitive post-
metamorphosis stage, as one of many possible reasons
why increased salinity may increase rates of oyster
recruitment. Coupled with long-term increases in eutrophi-
cation, primary production, and hypoxia (i.e metabolic
uptake and production of CO2) (Hagy et al. 2004; Kemp et
al. 2005) a complex picture of future carbonate system
status and impacts on estuarine bivalves emerges. Deter-
mining the future carbonate system in estuaries, therefore,
evades simple forecasts of estuarine CaCO3 saturation state
by increasing atmospheric CO2 alone (Blackford and

Fig. 4 Biocalcification rates of C. virginica for treatment combina-
tions of temperature and salinity estimated by least squares means
from the two-way ANOVA. Units of calcification are milligram of
calcium carbonate per gram oyster whole live weight per day.
Treatment levels of salinity, temperature, and pH are listed in Table 1.
Error bars are standard errors of the least squares means estimates.
Non-significant differences among estimated least squares means by
individual pairwise comparisons with Bonferroni correction are noted
by values falling within the black vertical bars next to the left y-axis at
α=0.05

Fig. 5 Biocalcification rates of C. virginica plotted against saturation
state of calcite. Units of calcification are mg of calcium carbonate per
gram oyster whole live weight per day. Temperature and salinity
treatments are noted as follows: 20°C is in gray, 30°C in black, salinity
16 (filled square) and salinity 32 (multiplication symbol). Values are the
means and standard deviations from the measured rates and therefore
differ slightly from the estimated least squares and standard errors
derived from the ANOVA and presented in Figs. 3 and 4

Table 3 Significant results from the three-way ANOVA on the
biocalcification experiments

Effect DF F value P value

Salinity 1, 38 39.24 <0.0001

Temperature 1, 38 210.43 <0.0001

pH 2, 38 117.91 <0.0001

Salinity×pH 2, 38 34.89 <0.0001

Temperature×pH 2, 38 7.24 0.0022

Salinity×temperature 1, 38 33.92 <0.0001

The three-way interaction is not presented, as this was found to be
non-significant and was removed from the model

DF degrees of freedom
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Gilbert 2007; Salisbury et al. 2008; Borges and Gypens
2010).

Another important component to the differential re-
sponse of calcification to pH in different salinities is the
role of disease and management. Oyster restoration in
Maryland has centered on lower salinity waters (Paynter
1999) due to the decreased incidence of oyster diseases in
these habitats (Kennedy et al. 1996). In our experiments,
the salinity-pH interactions (Fig. 3a) indicate that low pH
will most adversely affect eastern oysters inhabiting lower
salinity waters. Importantly, several of these lower salinity
sites had past 5-year average pH-salinity combinations that
resulted in decreased shell growth or even dissolution in
our experimental treatments (Tables 1 and 2, Fig. 3a).
Although lower salinity habitats may provide refuge from
disease, they also prove a more difficult geochemical
habitat for shell formation/deposition.

Oysters require a hard substrate for recruitment (Kennedy
et al. 1996), and in natural populations this is primarily the
calcium carbonate shells of living and dead oysters. The loss
of shell from oyster reefs is a major impediment to achieving
oyster restoration goals in Chesapeake Bay (Smith et al.
2001; Mann and Powell 2007; Schulte et al. 2009) and in
other estuaries (Powell et al. 2006). The dissolution of shell
materials by declines in pH, or an inability of live oysters to
grow new shell faster than it is lost, may alter available
substrate and shell budgets of oyster reefs. Our analyses of
pH data suggest that polyhaline portions of Chesapeake Bay
will become increasingly corrosive to oyster shell (Fig. 2)
and that average pH conditions in many oyster grounds are
already unsuitable for shell preservation (Table 2). This
conclusion is based on pH, and by extension mineral
thermodynamics, alone; the fate of oyster shells in the
estuary however is also controlled by other factors such as
sedimentation, bioerosion, and harvesting (Smith et al. 2005;
Mann and Powell 2007; Schulte et al. 2009). As evidenced
by Powell et al. (2006), the highest rates of shell loss
occurred in mid-salinity regions, with higher preservation in
lower and higher salinity waters, suggesting a decoupling
between strict thermodynamics and mineral preservation in
this estuary. Although a rich literature exists on taphonomy
and fate of biogenic calcium carbonate, little is known
regarding the role of pH and biogeochemistry on shell
budgets of estuarine oyster reefs. Our study highlights the
potential threat of estuarine acidification to oyster calcifica-
tion and reefs, and reinforces concerns of others with regards
to shell material as an important resource of the estuary
(Gutierrez et al. 2003; Powell et al. 2006; Powell and
Klinck 2007).

Our laboratory measurements of oyster calcification
combined with field data of pH change over time in
Chesapeake Bay are suggestive of potential effects of
changing estuarine dynamics on juvenile oyster calcifica-

tion. However, our findings are tempered by the limited
extrapolation of laboratory measurements to in situ con-
ditions and concerns of environmental pH measurements in
estuarine waters, discussed below. Two concerns of short-
term calcification experiments using the alkalinity anomaly
method are the metabolic contribution to total alkalinity
change and the acclimation time for organisms to pH
change. Based on ammonia excretion rates for the eastern
oyster (Srna and Baggaley 1976), ammonia excretion over
the course of our experiments accounted for less than 1% of
the observed total alkalinity change in experimental flasks.
The potential effect of respired CO2 on the water chemistry
was also not an issue as the flasks were not a closed system
and were continuously bubbled with a CO2/air mixture.
However, with regard to short-term experiments such as
these, acclimation time may be of some concern. Our
treatment range was well within range of diurnal changes
often found in estuarine waters and static conditions for
weeks to months do not represent in situ estuarine
conditions either. Future studies of long-term acclimated
oysters that can be compared to our short-term non-
acclimated oysters may allow us to better understand
calcification responses of estuarine organisms due to
different processes that occur across different time scales.

Calcification in eastern oyster responded rapidly to
changes in pH, although the cumulative effect of diel
variations in pH on longer-term shell growth remains
unknown. An integral question to understanding calcifica-
tion responses to acidification is whether chronic or acute
changes in carbonate parameters are more significant to
oyster population dynamics. While it is clear that below
certain threshold pH (and hence saturation state) values
shell dissolution occurs (e.g., Green et al. 2009) and there
are shifts in internal acid-base physiology (e.g., Michaelidis
et al. 2005) the animal may be able to recover depending on
exposure magnitude, length of exposure, and life stage. An
analogy is the periodic dissolution of internal shell during
aerial exposure by decreased pallial cavity pH induced by
the accumulation of anaerobic metabolites (Burnett 1988),
which is reversed once the animal is submerged again.
These concerns constitute critical questions that need to be
addressed regarding the impact of acidification on econom-
ically and ecologically important shell forming species in
coastal and estuarine habitats.

The statistically significant and compelling trends in the
Chesapeake Bay pH data we found (Fig. 2) are likely due to
increased primary production (from eutrophication) (Hagy
et al. 2004) in the mesohaline region of the Bay and
resulting increased respiration of this material with trans-
port down Bay to the polyhaline waters. Borges and
Gypens (2010) note that eutrophication was a larger driver
of decadal pH trends in the Belgium Coastal Zone than
increased atmospheric CO2. Whether CO2 is derived from
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enhanced respiration due to eutrophication or hydrolysis of
atmospheric CO2 into natural waters, the ultimate outcome
is the same, lower pH. The increasing concentration of
atmospheric CO2 presents the possibility of a shifting
baseline (Jackson et al. 2001) that should not be ignored
simply because other processes impact pH more rapidly
on shorter timescales. In fact, given the highly variable
nature of estuarine and coastal ecosystems and several
anthropogenic acidity sources, it is likely that even
gradual decreases in baseline pH could alter estuarine
carbonate dynamics in important ways sooner than open
ocean environments.

The results of our Chesapeake Bay pH analysis should
however be viewed cautiously due to substantive and
justified concerns with the measurement of pH in estuarine
waters with glass potentiometric electrodes. The difference
in ionic strength of calibration and measurement solutions
can lead to drift and error in pH measurements (e.g.,
Millero 1986). However, the large number of pH measure-
ments used to calculate each mean value (n=∼100-2000) in
the regression analyses should smooth out random mea-
surement errors. Systematic bias over time is still possible.
One additional concern with discrete monitoring data, such
as these, is the timing of sampling in relation to diurnal
cycles in production and respiration which lead to signif-
icant pH variability even in well buffered systems (Yates et
al. 2007). Daytime sampling could impart significant
positive bias in pH measurements and the monitoring
program’s measurement of pH occurs primarily during
daylight hours. For example, our findings of increased pH
in several mesohaline tributaries (Table 2), if due to
increased primary production, would likely be accompanied
by larger respiratory signal during night and decreased pre-
dawn pH. We therefore caution the reader to recognize the
shortcomings of our Chesapeake Bay data analyses, and
acknowledge that more work is needed to better constrain
what appears to be long-term trends in pH and resulting
carbonate chemistry of Chesapeake Bay.

Ocean acidification has been referred to the “other CO2

problem” (Doney et al. 2009) because it is another
consequence of increasing atmospheric CO2. The capacity
of the world’s oceans to absorb CO2 and the resulting
hydrolysis of carbonic acid is well understood and may be
predicted relatively easily. Responses of calcifying organ-
isms, scales and timing of pH and total alkalinity
variability, and the role of other biogeochemical processes
and environmental variables in regulating estuarine pH are
less well understood but represent critical problems. As
research advances, it is vital to recognize that the
biogeochemical effects of anthropogenic increases in CO2

on carbonate chemistry are the same regardless if it is
derived from the burning of fossil fuels or from net
heterotrophy associated with eutrophication (Frankignoulle

et al. 1998). The magnitude and variability of estuarine pH
due to eutrophication enhanced respiration will certainly be
larger over short time scales than the gradual increase from
atmospheric CO2 (Borges and Gypens 2010). However,
increasing atmospheric CO2 may indirectly contribute to
greater primary production in regions that may be carbon
limited during blooms, by leading to higher respiratory
production of CO2 and consequently larger variability in
pH in these regions. Although pH is highly variable in
estuarine waters, our analyses of long-term Chesapeake
Bay pH data and laboratory experiments with eastern
oysters highlight the importance in recognizing possible
shifting baselines (Jackson et al. 2001) especially in relation
to physiological thresholds for calcifying organisms. Ac-
counting for the interacting climate related effects of
temperature, salinity, and pH is vital to understanding the
potential impact of acidification to estuaries and their living
resources.
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